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Abstract. In light of competing hypotheses on arthropod phylogeny, independent data are needed in addition to traditional morphology 
and modern molecular approaches. One promising approach involves comparisons of structure and development of the nervous system. In 
addition to arthropod brain and ventral nerve cord morphology and anatomy, individually identifiable neurons (IINs) provide new charac-
ter sets for comparative neurophylogenetic analyses. However, very few species and transmitter systems have been investigated, and still 
fewer species of centipedes have been included in such analyses. In a multi-methodological approach, we analyze the ventral nerve cord 
of the centipede Lithobius forficatus using classical histology, X-ray micro-computed tomography and immunohistochemical experiments, 
combined with confocal laser-scanning microscopy to characterize walking leg ganglia and identify IINs using various neurotransmitters. 
In addition to the subesophageal ganglion, the ventral nerve cord of L. forficatus is composed of the forcipular ganglion, 15 well-separated 
walking leg ganglia, each associated with eight pairs of nerves, and the fused terminal ganglion. Within the medially fused hemiganglia, 
distinct neuropilar condensations are located in the ventral-most domain. Immunoreactive neurons of different transmitter systems (allato-
statin, histamine, and FMRF-amide) display serially homologous patterns that may lay the foundation for comparison with other arthropod 
taxa. Moreover, a pair of histaminergic neurons may constitute a promising intra- as well as interspecific IIN candidate. 
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1. 	 Introduction

The central nervous system of arthropods is character-
ized by subdivision into brain and ventral nerve cord 
(Richter et al. 2010; Loesel et al. 2013), showing taxon-
specific transformations and adaptations that are central 
to comparative neuroanatomical and phylogenetic stud-
ies (neurophylogeny sensu Harzsch 2006). In this con-
text, myriapods play a crucial role, as their phylogenetic 
position still is a matter of debate. A widely accepted 
concept, which will be followed here, places the Myri-
apoda within the taxon Mandibulata as the sistergroup of 
a hexapod-crustacean clade (i.e. Tetraconata or Pancrus-
tacea-hypothesis: Regier et al. 2010; Edgecombe 2010; 
Rota-Stabelli et al. 2011; Misof et al. 2014), as opposed 
to the Tracheata-hypothesis, proposing a myriapod-hexa-

pod sistergroup relationship (e.g. Wägele & Kück 2014). 
Several morphological characters initially proposed to 
be apomorphic for Tetraconata were found to be present 
in representatives of Myriapoda as well, giving further 
support for the Mandibulata-hypothesis (Müller et al. 
2003, 2007; Schachtner et al. 2005; Sombke et al. 2011a; 
Sombke et al. 2012; Sombke & Harzsch 2015). 
	 Along these lines, neuromorphological and neuro-
anatomical characters proved to be a suitable character 
complex as they are considered rather robust over evo-
lutionary time scales, and have been used in cladistic 
analyses resulting in well-resolved, yet still debated 
arthropod phylogenies (Strausfeld & Andrew 2011; 
Wolff et al. 2017). Detailed investigations on the ner
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vous system of Myriapoda, and specifically Chilopoda 
(centipedes), however, are few when compared to the 
wealth of studies conducted in Hexapoda and Crustacea 
(Sombke & Rosenberg 2016). One promising field for 
comparative neuroanatomical analyses is the study of 
individually identifiable neurons (IINs) in the arthropod 
brain and ventral nerve cord (VNC). IINs can be identi-
fied and homologized intra- and interspecifically based 
on the specific criteria of position and morphology of 
somata and neurites, ontogenetic aspects, as well as 
physiological and biochemical characteristics (Kutsch 
& Breidbach 1994). In particular, the neurotransmitter 
serotonin (5HT) has been studied comprehensively in 
a comparative context (Thompson et al. 1994; Harzsch 
& Waloszek 2000; Harzsch 2004; Stegner et al. 2014; 
Brenneis & Scholtz 2015; Stemme et al. 2017; Sombke 
& Stemme 2017). The first studies on lobsters, locusts 
and cockroaches pointed out striking morphological 
similarities of serotonergic neurons, inferring homolo-
gies at the single cell level (Beltz & Kravitz 1983; 
Bishop & O’Shea 1983; Taghert & Goodman 1984). 
Thus easily assessable and low in neuron number, IINs 
constitute a suitable character complex in evolution-
ary discussions (Kutsch & Breidbach 1994). Recent 
studies on centipedes revealed apomorphic characters 
for this taxon, but also synapomorphic characters with 
Tetraconata in soma positions and neurite trajectories, 
with implications for the reconstruction of the mandib-
ulate ground pattern (Sombke & Stemme 2017). How-
ever, when considering the at least 50 known different 
neuropeptides and other classes of neuroactive sub-
stances present in arthropods (e.g. biogenic amines like 
histamine) (e.g. Homberg 1994; Nässel 2000; Gäde & 
Marco 2006; Christie et al. 2011; Christie 2015), this 
serotonin-centric view leaves potentially informative 
characters unconsidered. 

	 Five major lineages of Chilopoda are established. 
Scutigeromorpha are considered to be the most basal 
taxon and sistergroup to Pleurostigmophora. The latter 
comprises Lithobiomorpha and Phylactometria (Crate
rostigmomorpha and Epimorpha), with Epimorpha be-
ing composed of Scolopendromorpha and Geophilo-
morpha (Edgecombe 2011). Recently, this view has been 
challenged by transcriptomic data that place Lithobio-
morpha as the sistergroup of Epimorpha, repositioning 
Craterostigmomorpha to a more basal node (Fernández 
et al. 2016). The centipede Lithobius forficatus (Lin-
naeus, 1758) is one of the best-studied myriapod species 
with respect to general anatomy and morphology and 
other biological fields, such as endocrinology, develop-
ment, and physiology (Minelli 2011). The trunk of L. 
forficatus is composed of the forcipular segment, 15 leg-
bearing segments, three fused postpedal segments bear-
ing a pair of gonopods, and a telson (Minelli & Koch 
2011). The VNC is composed of 18 mostly well-sepa-
rated ganglia: the subesophageal ganglion, the forcipu-
lar ganglion, 15 leg-associated ganglia, and the (fused) 
terminal ganglion. Each walking leg ganglion possesses 
eight pairs of nerves innervating e.g. the legs and trunk 
musculature (Rilling 1960, 1968; Sombke & Stemme 
2017). Using histological techniques, morphology of the 
VNC was investigated sporadically from the early 19th 
century on (summarized in Hilken et al. 2011; Sombke 
et al. 2011b), but apart from the contributions by Heck-
mann & Kutsch (1995) and Sombke & Stemme (2017), 
the internal neuroanatomy remains poorly known. Con-
sequently, neuroanatomical data that include specific la-
beling of single neurons, or labeling against neuroactive 
substances in the brain and the VNC are sparse (Heck-
mann & Kutsch 1995; Melzer et al. 1996; Petykó et 
al. 1996; Harzsch 2004; Sombke et al. 2012; Sombke & 
Stemme 2017).

Fig. 1. Lithobius forficatus and dissected nervous system. A: Adult male of Lithobius forficatus, dorsal view. B: Dissected ventral nerve 
cord with walking leg ganglia 2 to 15 and terminal ganglion, dorsal view. The ganglia associated with the forcipular and first walking leg 
segments are omitted. — Scale bar: 1 mm. — Abbreviations: G: ganglion, TG: terminal ganglion.
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	 In order to gain deeper insights into centipede neuro-
anatomy, we investigate the VNC of Lithobius forficatus. 
In this multi-methodological approach, we use histo
logy and X-ray micro-computed tomography, as well as 
histochemical and immunohistochemical experiments 
combined with confocal laser-scanning microscopy, to 
document external morphology and neuroanatomy of 
the walking leg ganglia. Also, we visualize individually 
identifiable neurons using a set of antibodies against two 
neuropeptide families (allatostatin, FMRF-amide) and 
the biogenic amine histamine. As comparable data that 
can be used to infer primary homology hypotheses are 
scarce, this contribution may provide a foundation for 
using additional neurotransmitter systems in order to ex-
plore arthropod individually identifiable neurons.

2. 	 Material and methods

2.1. 	Experimental animals

Adult individuals of Lithobius forficatus (Linnaeus, 1758) 
(Fig. 1A) were collected under deadwood in Greifswald, 
Germany and kept in plastic boxes. They were provided 
with water once a week and small crickets (Acheta do-
mesticus) every two weeks. 

2.2. 	Paraffin histology

After anesthetization by cooling in a freezer, four adult 
specimens were fixed in Bouin’s solution (Mulisch & 
Welsch 2015) overnight. Each specimen was cut into 
two parts (anterior and posterior) and preparations were 
washed in several changes of phosphate buffered saline 
(PBS: 0.1 M, pH 7.4), dehydrated in a graded ethanol 
series, incubated in a 1:1 solution of ethanol and tetrahy-
drofuran (Carl Roth, CP82.1) for 2 hours, pure tetrahy-
drofuran for 18 hours, and in a solution of 1:1 tetrahy-
drofuran and paraffin (Carl Roth, 6643.1) at 60°C for 24 
hours. Finally, preparations were embedded in pure par-
affin and sectioned (5 µm) with a motorized rotary mi-
crotome (Microm HM 360). Sections were stained with 
Azan according to Geidies (Schulze & Graupner 1960) 
and mounted in Roti-Histokitt II (Carl Roth, T160.1). 

2.3. 	X-ray micro-computed tomography 
	 (microCT) 

Two specimens were anesthetized in a freezer and fixed 
in Bouin’s solution overnight. One animal was cut into 
three parts. The VNC was dissected from the second 
animal (Fig. 1B). The subsequent preparation followed 
the protocol by Sombke et al. (2015). Preparations were 
washed in several changes of PBS, dehydrated in a grad-
ed ethanol series (30 to 99%) and incubated in a 1% io-

dine solution (iodine resublimated in 99% ethanol; Carl 
Roth, X864.1) for 12 hours. Preparations were washed 
several times in pure ethanol and critical point dried us-
ing the automated dryer Leica EM CPD300 (Leica Mi-
crosystems). Finally, samples were fixed on insect pins 
with super glue. Scans were performed with a Zeiss 
Xradia MicroXCT-200 at 30 kV, 6 W and 1 second (10 × 
magnification) or 3 seconds (20 × magnification) ex-
posure. Scan parameters were: (1) mid-trunk with 10 × 
objective lens unit resulting in 2.14 µm pixel size, (2) 
posterior-trunk with 10 × objective lens unit resulting 
in 1.99 µm pixel size, and (3) dissected nerve cord with 
20 × objective lens unit resulting in 0.93 µm pixel size. 
Tomography projections were reconstructed using the 
XMReconstructor software (Zeiss Microscopy) resulting 
in image stacks (TIFF format). All scans were performed 
using binning 2 (resulting in noise reduction) and subse-
quently reconstructed using binning 1 (full resolution) to 
avoid information loss. 

2.4. 	Immunohistochemistry and histo-
	 chemistry

After anaesthetization, adult specimens were decapitated 
and pre-fixed in 4% paraformaldehyde (PFA) for 20 min-
utes. After removal of legs and tergites in PBS, samples 
were further fixed in PFA overnight at 4°C. For hista-
mine-immunohistochemistry, specimens were pre-fixed 
overnight at 4°C in 4% N-(3-Dimethylaminopropyl)-
N’-ethylcarbodiimide hydrochloride (EDAC; Sigma 
Aldrich, E6383) and then post-fixed in 4% PFA at room 
temperature for 4 hours. VNCs were dissected in PBS, 
washed in several changes of PBS-TX (0.5% Triton-X 
100; Sigma Aldrich, X100) and incubated in blocking 
solution (0.5% Triton-X 100, 5% BSA [bovine serum al-
bumin; Sigma, A2153]) for 4 hours. VNCs were incubat-
ed in primary antibodies: anti-A-type Dip-allatostatin 1 
(Jena Bioscience, ABD-062; 1:2000), anti-FMRF-amide 
(ImmunoStar, 20091; 1:2000), and anti-histamine (Pro-
gen, 16043; 1:1000), for 96 hours at room temperature 
and washed in several changes of PBS-TX. Subsequent-
ly, preparations were incubated in secondary antibodies 
(anti-rabbit AlexaFluor-488 IgG; Invitrogen A11008, 
1:500 and anti-mouse Cy3 IgG; Jackson ImmunoRe-
search 115-165-003, 1:500) or phalloidin (phalloidin Al-
exa-Fluor546; Molecular Probes, A22283; 1:50) for 48 
hours at room temperature, and washed in several chang-
es of PBS-TX (0.5% Triton-X 100) and finally in PBS. 
Preparations were mounted on adhesive microscope 
slides (HistoBond, Marienfeld) in glycerol. For addi-
tional experiments using anti-synapsin (anti-SYNORF1 
concentrate, DSHB 3c11, 1:1000), specimens were treat-
ed according to Ott (2008). After dehydration, prepara-
tions were transferred to and scanned in methylsalycilate 
(Sigma Aldrich, W274518). In addition to whole-mount 
preparations, two VNCs were embedded in 4% agarose 
(Sigma Aldrich, A9414) and sectioned (100 µm) with a 
Zeiss Hyrax V50 vibratome. After permeabilization in 
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PBS-TX for 1 hour, sections were incubated in prima-
ry antibody (anti-A-type Dip-allatostatin) at 4°C for 18 
hours, washed several times in PBS-TX and incubated 
in secondary antibody (see above) at 4°C for 18 hours. 
Preparations were washed in several changes of PBS 
and finally mounted on glass slides in Mowiol (Merck, 
475904). Overall, data from 16 specimens using differ-
ent labelings were used (anti-allatostatin n = 4, anti-FM-
RF-amide n = 3, anti-histamine n = 5, anti-synapsin n = 2, 
phalloidin n = 2). All experiments were complemented by 
a nuclear counterstain using HOECHST (0.05%, bisBen-
zimid H 33258, Sigma Aldrich, 23491-45-4). However, 
the solution used produced a nonspecific broad band flu-
orescence resulting in a cross-talk between detector and 
nuclear counterstain. 
	 Anti-A Dip-allatostatin 1 (rabbit, polyclonal) and 
anti-FMRF-amide (rabbit, polyclonal) as well as anti-
synapsin (mouse, monoclonal) were previously used on 
the centipede Scutigera coleoptrata (Linnaeus, 1758). 
Peptide preadsorption and western blot experiments con-
firmed antibody specificity for that species (Sombke et 
al. 2011a). As we cannot exclude the possibility that the 
antibodies against allatostatin and FMRF-amide label a 
variety of peptides, we term labeled structures allatosta-
tin-like and FMRF-amide-like immunoreactive (ASTir, 
RFir). Anti-histamine (rabbit, polyclonal) was also used 
on the centipede S. coleoptrata (Sombke & Harzsch 
2015). We will refer to the labeled structures in L. forfi-
catus as histamine-like immunoreactive (HISir). We ad-
ditionally tested specificity of the secondary antibody by 
replacing the primary antibody with PBS. These experi-
ments resulted neither in specific, nor in unspecific labe-
ling. 

2.5. 	Microscopy, image processing and 
	 terminology

Paraffin sections were investigated and digitized with a 
Nikon Eclipse 90i microscope. Immunohistochemical 
and histochemical preparations were examined with a 
Leica SP5 II confocal microscope (cLSM). Projections 
of cLSM stacks were generated using Fiji (ImageJ v. 
1.51f). Segmentation and volume rendering of microCT 
image stacks were performed using AMIRA 6.0.1 (FEI). 
Images were post-processed in Adobe Photoshop using 
global contrast and brightness adjustment features as 
well as black and white inversion. The neuroanatomical 
nomenclature follows Richter et al. (2010) and Sombke 
& Rosenberg (2016). We refer to the ganglion of the 
first trunk segment (associated with the maxillipedes) 
as the forcipular ganglion, to ganglia of trunk segments 
2 – 16 as the walking leg ganglia 1 – 15, and to the fused 
ganglion of the postpedal segments as the terminal gan-
glion. 
	 In order to designate particular neurons as individu-
ally identifiable neurons (IIN), they had to fulfill the fol-
lowing criteria: they had to be present in the same loca-
tion in (1) both hemiganglia, (2) in several different (but 

at least three) walking leg ganglia, and (3) in at least two 
different individuals. Moreover, neurite trajectories and 
specific neurotransmitters were considered in order to es-
tablish an IIN pattern for walking leg ganglia. The non-
specific broad band fluorescence of several somata (see 
above) was carefully evaluated in the scoring and de
signation of IINs. The authors are aware of possible im-
plications regarding identifying particular neurons. How-
ever, the nuclear counterstain only labels the nucleus, and 
thus the signal is significantly smaller and fainter (yet the 
chromatin is still visible in some cases) as compared to a 
completely labeled neuron including its neurites. 
	 In order to facilitate comparison of soma locations 
within a single ganglion, we specify localities according 
to the neuroaxis as anterior, central (indicated in the sche-
matics as grey dashed abscissa), and posterior, as well as 
lateral and medial (indicated in the schematics as grey 
dashed ordinate), and combinations thereof.

2.6. 	Abbreviations

a – anterior; ACM – anterior centromedial neurons; 
AL – anterolateral neurons; AM – anteromedial neurons; 
con – connective; d – dorsal; G – ganglion; hdg – hind-
gut; HG – hemiganglion; IIN – individually indentifi-
able neuron; M – muscle; N – nerve; nl – neurilemma; 
p – posterior; PCM – posterior centromedial neurons; 
PHAL – phalloidin labeling; PL – posterolateral neu-
rons; PM1 – posteromedial neurons, anterior group; 
PM2 – posteromedial neurons, posterior group; S – ster-
nite; SGp – gonopodial sternite; so – soma; SYN – syn-
apsin-immunoreactivity; T – tergite; TG – terminal gan-
glion; TGp – tergite of gonopodial segment; v – ventral; 
vdf – vas deferens; VNC – ventral nerve cord; vnd – ven
tral neuropilar domain.

3. 	 Results

3.1. 	Morphology and neuroanatomy of 
	 walking leg ganglia

The ventral nerve cord consists of 18 discernible ganglia 
linked by paired connectives (Figs. 1B, 2B, 4A,D). Poste-
rior to the subesophageal and forcipular ganglion, walk-
ing leg ganglia are of equal size and dimension (Fig. 1B). 
Eight nerves are associated with each walking leg hemi-
ganglion (Figs. 2A,B, 5C; following the terminology by 
Rilling 1960): nerve N1, the proximally fused nerves N2 
and N3, the proximally fused nerves N4 and N5, nerve 
N6, and the proximally fused nerves N7 and N8 (Figs. 
2A,B, 5C). The joint root of N7 and N8 is located at the 
posterior-most margin of each ganglion (Figs. 2A,B, 4D, 
5C). At least N4 and N5 innervate the walking leg. We 
found no indications for a median nerve (i.e. an unpaired 
longitudinal nerve between the connectives). The mus-
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cle M1 traverses the posterior connectives dorsally (Figs. 
2B, 4C,D). The smaller terminal ganglion (TG) succeeds 
the G15 without discernible connectives (Figs. 1B, 2C, 
4A). However, a small central cavity between G15 and 
TG is visible after dissection (Fig. 1B). The neuraxis of 
the TG is prominently bent dorsad, which is not evident 
in dissected specimens (Figs. 1B vs. 2C, 4A). Several 
nerves are associated with the TG, innervating the caudal 
region (Fig. 2C). As the ultimate (or terminal) legs are 
held along the body axis, leg-associated nerves N4 and 
N5 of G15 project posteriad rather than laterad, as in the 
preceding walking leg ganglia (Fig. 2C). 
	 MicroCT analysis reveals that the neurilemma sur-
rounding the ganglion appears brighter due to a higher 
density than the nervous tissue of the ganglion (Fig. 3). 
Hemiganglia are medially fused; however, in the gangli-
on’s midline there are several (up to seven) dorso-ventral 
penetrations sheathed by neurilemma (Fig. 3A,C,E; ar-

rowheads). Several internal structures are discernible 
based on density differences. From the joint nerve root 
of N4 and N5, two major intraganglionic projections 
continue mediad (Fig. 3B,D; compare also anti-synap-
sin labeling in 5D). In cross sections, the dorsal projec-
tion could not be traced further. The ventral projection 
splits into a smaller, posteriad projecting portion and a 
larger, anteriad projecting portion (Fig. 3B,D; white 
semicircles) associated with the ventral neuropilar do-
main (Fig. 3B,D,F; vnd). Paraffin sections reveal that 
the neuronal somata form a cortex surrounding the gan-
glionic neuropil ventrally and laterally, while its dorsal 
surface and emanating connectives are mostly soma-free 
(Fig. 4). In contrast, the terminal ganglion is enveloped 
by a contiguous cortex (not shown). Similar to microCT 
analysis, paraffin histology indicates that dorso-ventral 
penetrations are sheathed by neurilemma (Fig. 4D; ar-
rowheads). The ganglia are characterized by interweav-

Fig. 2. MicroCT analysis of ventral nerve cord ganglia and nerve roots. External morphology. A: 3D reconstruction of walking leg gang
lion G10, dorsal view. Eight pairs of nerves are associated with each hemiganglion. Nerves N2 and N3, N4 and N5, as well as N7 and N8 
possess joint nerve roots. The small nerve N5 branches dorsally from nerve N4 (only proximal part reconstructed). Nerves N7 and N8 are 
located at the posteriormost border of the ganglion (compare Fig. 4D). B: The same ganglion (A) visualized within its anatomical context, 
dorsal view with virtual horizontal section of the trunk. Muscle M1 traverses the posterior connectives dorsally. Muscle M2 traverses all 
nerves except N8 dorsally. N8 projects further dorsally to innervate the dorsal heart nerve above the subsequent ganglion (not shown). 
C: Virtual sagittal section of the posterior trunk with reconstructed G15 (associated with the ultimate legs) and the fused terminal ganglion. 
Nerves N4 and N5 of G15 are directed posteriad (as appendages are directed posteriad). The neuraxis of the terminal ganglion is bent 
dorsad. Several nerves are associated with the terminal ganglion and innervate the caudal trunk. — Scale bars: 200 µm. — Abbreviations: 
con: connective, G: ganglion, hdg: hindgut, HG: hemiganglion, M: muscle, N: nerve, S: sternite, SGp: gonopodial sternite, T: tergite, vdf: 
vas deferens. 
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ing neurites and dense neuropilar regions, while connec-
tives are highly structured by parallel neurites (Fig. 4D). 
Paraffin histology likewise reveals a ventrally located 
neuropilar domain of slightly convoluted appearance 
with anteriad projection (Fig. 4B,D; compare Fig. 3D,F). 
Phalloidin labeling lends further insight into walking 
leg ganglion anatomy (Fig. 5A – C,E – G). The majority 
of neurites in the horizontal midsection proceed longi-
tudinally (Fig. 5B), but no distinct tracts were identified. 
Several commissural neurites are found in the anterodor-

sal part of the ganglion (Fig. 5A, compare Fig. 3B,C); 
however, a distinct anterior or posterior commissure 
seems absent based on the applied methods. Sequential 
horizontal sections of a ganglion (Fig. 5E – G) highlight 
the structured ventral neuropilar domain, with two dis-
tinct innervations near the joint nerve root of N4 and 
N5 (Fig. 5D; white semicircle vs. black semicircles), 
anteriad and posteriad projections, and dense allantoidal 
(i.e. sausage-shaped) domains in its ventral-most area 
(Fig. 5G; arrows). Synapsin-immunoreactivity in whole 

Fig. 3. MicroCT analysis of walking leg ganglion 10. Internal anatomy. A: Virtual cross-section. Note the brighter neurilemma and the 
median dorso-ventral penetrations sheathed by neurilemma (arrowhead). B: Virtual cross-section with intraganglionic projections from 
walking leg associated nerves N4 and N5. Projections target the dorsal and ventral areas of the hemiganglion. In the ventral part of the 
hemiganglion, a distinct ventral neuropilar domain (vnd) is evident. C: Virtual horizontal midsection. Dorso-ventral penetrations (arrow-
heads) penetrate the ganglion medially. Note the commissural neurites in the anterior part of the ganglion. D: Virtual horizontal section 
of the ventral domain. Neurites associated with nerves N4 and N5 project medially and further anteriorly and posteriorly. Longitudinal 
parallel elements of the ventral neuropilar domain are evident. E: Virtual sagittal midsection. Arrowheads mark dorso-ventral penetrations 
sheathed by neurilemma. F: Virtual sagittal section of a hemiganglion visualizing the ventral neuropilar domain with anteriad and posteriad 
projections. Note the parallel arrangement of neurites within the connectives. — Scale bars: 100 µm. — Abbreviations: con: connective, 
nl: neurilemma, vnd: ventral neuropilar domain.
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Fig. 4. Azan stained paraffin sections. A: Sagittal section of the posterior trunk with ganglia of the ventral nerve cord. Neuropilar domains 
are detectable in the ventral part of the ganglia (dark grey). Note the heteronomy of long and short tergites typical for Lithobiomorpha. B: 
Walking leg ganglion G14, sagittal section of a hemiganglion. The neurilemma (blue) coats the nervous system, somata are concentrated 
ventrally. Denser profiles of the ventral neuropilar domain are evident. C: Cross section of G10 (posterior region). Note that somata are 
concentrated ventrally. D: Horizontal section of G13 and G14, ventral area. In contrast to ganglia, connectives appear highly ordered by 
parallel neurites. Medially, ganglia are penetrated by dorso-ventral penetrations (arrowheads). Likewise, these penetrations are sheathed 
by a (blue) neurilemma. In G14 (right ganglion) projections from nerves N4 and N5 are evident. Ventral neuropilar domains are arranged 
in minor-convoluted elements with anteriad direction. Note the joint root of nerves N7 and N8. — Scale bars: 200 µm. — Abbreviations: 
con: connective, G: ganglion, M: muscle, N: nerve, nl: neurilemma, S: sternite, SGp: gonopodial sternite, so: soma, T: tergite, TG: terminal 
ganglion, TGp: tergite of gonopodial segment, vnd: ventral neuropilar domain.
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mount preparations appears less structured, but indicates 
a similar pattern to phalloidin labeling (Fig. 5D). Within 
the ganglion, the joint nerve root of N4 and N5 splits into 
a dorsal and a ventral branch (compare Figs. 3B, 5E), 
which are associated with a thicker medial and thinner 
lateral domain, respectively. Both domains traverse the 
entire ganglion along its anteroposterior axis (Fig. 5D; 
compare Fig. 3D). In the connectives, there is no distinct 
anti-synapsin labeling. 

3.2. 	Dip-allatostatin 1-like immunoreactivity 
	 (ASTir)

ASTir is distributed in the walking leg ganglia with 
several prominent longitudinal neurites, which are para-
medially located in each hemiganglion (Fig. 6A; black 
semicircles). All labeled neurons are unipolar. Somata 
are located in anterior and posterior positions (Fig. 6B). 
In the anterior part of the ganglion, a pair of ASTir so-
mata is located close to the midline (Fig. 6A,B; AM). 
Neurite trajectories could not be traced in detail, but 
might be ipsilateral, with further projections along the 
longitudinal ASTir neurites. In the posterior ganglion 
portion, two medially located groups of ASTir somata 
are present (Fig. 6A – C; PM1 and PM2). A slight varia-
tion in number (two or three) is detected in and between 
specimens. The more anterior group (PM1) consists of 
up to three somata; neurites project ipsilateral to the 
prominent longitudinal ASTir neurites (Fig. 6A – C). 
The more posterior group (PM2) consists of up to three 
ASTir somata (Fig. 6B,C). At least one neurite projects 
contralaterally (Fig. 6C). In few preparations, weakly la-
beled somata were detected in the posterolateral part of 
the ganglion (Fig. 6A; asterisks). In vibratome sections, 
but not in whole-mounts, two distinct commissural neu-
rites (Fig. 6D) were detected in the dorsal-most region 
of walking leg ganglia. The two neurites traverse the 
entire ganglion at its posterior end, enclosing a dorso-
ventral penetration (Fig. 6D; black and white arrows). 
Their associated somata could not be identified.

3.3. 	FMRF-amide-like immunoreactivity 
	 (RFir)

RFir is distributed in the walking leg ganglia with sev-
eral prominent longitudinal neurites in each hemigan-
glion (Fig. 7A; black semicircles). All labeled neurons 
are unipolar. Somata are located in anterior and poste-
rior positions (Fig. 7B). Three RFir somata are located 
anterolaterally (Fig. 7A – C; AL). Neurite trajectories 
could not be traced further but probably remain ipsilat-
eral, contributing to the longitudinal neurites. A cluster 
of RFir somata with contralateral projecting neurites is 
located anteromedially (Fig. 7A – F; AM). A single AM1 
soma is located in the anterior-most part of the ganglion 
(Fig. 7C,E). Two AM2 somata are present slightly more 
posterior to AM1 (Fig. 7A – C,E). Their neurites project 

contralaterally in anterior direction, and further into the 
anterior connectives (Fig. 7A – D). In the preceding gan-
glion, these neurites enter the joint root of nerves N7 and 
N8 and project into both nerves (Fig. 7B,H). It remains 
unclear, however, which of the two neurons contributes 
to which nerve. A third group (AM3) is located parame-
dially between AM2 and AL (Fig. 7A – E). AM3 neurites 
project contralaterally and probably contribute to the lon-
gitudinal neurites (Fig. 7E,F). Another pair of RFir so-
mata is located paramedially in the posterocentral part of 
the ganglion (Fig. 7A,B,G; PCM). Their neurites project 
medially, but it remains unclear whether they cross the 
midline or stay ipsilateral (Fig. 7G).

3.4. 	Histamine-like immunoreactivity 
	 (HISir)

HISir is sparsely distributed in the ganglia with thin 
longitudinal paramedial neurites in each hemiganglion 
(Fig. 8; black semicircles). All labeled neurons are uni-
polar. A centromedial cluster of three neurons is located 
slightly anterior to the center, possessing contralateral 
projecting neurites (Fig. 8A,B; ACM, black arrow-
heads). These neurites project to the lateral region of the 
ganglion close to the base of the nerve roots of N1 – 3. 
A single centromedial soma (PCM) with contralateral 
neurite projection is located slightly posterior to the 
center (Fig. 8A; black and white arrowheads). At the 
posterolateral border of the ganglion, the neurite of a 
single neuron (PL) projects anteromediad contributing 
to the ipsilateral longitudinal neurites (Fig. 8A,B; black 
arrows).

4. 	 Discussion

4.1. 	External morphology of walking leg 
	 ganglia

The spectrum of methods applied shows that walking 
leg ganglia have comparable external morphology. Only 
in the ganglion associated with the ultimate legs (G15), 
nerves innervating the legs are directed posteriad. The 
results on external morphology are in concordance with 
most previous investigations and descriptions (Ver
hoeff 1905; Hanström 1928; Fahlander 1938; Rilling 
1960, 1968; Heckmann & Kutsch 1995; Harzsch 2004; 
Sombke & Stemme 2017). The identity of trunk segments 
and walking leg ganglia may be confusing, as the first 
walking leg is associated with the third VNC ganglion, 
and the ultimate 15th legs are thus associated with the 
17th VNC ganglion (Sombke & Stemme 2017). Harzsch 
(2004) described 16 well-separated trunk ganglia (i.e. 
G1 – G16, including the forcipular ganglion) and the ter-
minal ganglion. We follow the description by Rilling 
(1960, 1968) counting the subesophageal ganglion, the 
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forcipular ganglion, 15 walking leg ganglia (G1 – G15), 
and the fused terminal ganglion (TG). Rilling (1960) de-
scribed that eight pairs of nerves are associated with each 
walking leg ganglion. This numbering was adopted by 
Heckmann & Kutsch (1995) and Harzsch (2004). Some 
nerves are fused proximally in a joint nerve root; differ-
ent authors described a variable number: 5 (Fahlander 
1938), 4 (Rilling 1968), or 6 – 8 (Heckmann & Kutsch 
1995). In our samples, we found 5 separate nerve roots 
(N1, N2+N3, N4+N5, N6, N7+N8; Figs. 2A, 5C, 9). 
We did not detect a joint root of N1 – 3 as described by 
Rilling (1960, 1968) and Heckmann & Kutsch (1995). 
We found no indications of a median nerve (an unpaired 

nerve between the connectives), which was also not de-
tected by Rilling (1960, 1968). Most of the eight nerves 
innervate trunk and walking leg musculature (Rilling 
1960, 1968; Heckmann & Kutsch 1995). Nerves N1, N2 
and N8 are described to be purely motoric, while the other 
five nerves (N3 – N7) also contain sensory axons (Rilling 
1968). According to Heckmann & Kutsch (1995), nerves 
N7 and N8 project into the posterior adjacent segment, 
targeting the dorsal longitudinal muscles (DLM) as well 
as the dorsal heart nerve, and the intersegmental muscle 
(ISM), respectively, which is in accordance with descrip-
tions by Rilling (1960). This innervation pattern in L. 
forficatus is similar to the description in Geophilus flavus 

Fig. 5. Phalloidin histochemistry and synapsin-immunoreactivity (wholemounts). A: Phalloidin labeling in the anterodorsal G10; hori-
zontal view showing commissural neurites (black arrowheads). White profiles are dorso-ventral penetrations. B: Phalloidin labeling in 
the posteromedial ganglion (G10); horizontal view. In contrast to (A), in the midsection the majority of neurites proceed longitudinally 
(white semicircle). C: Phalloidin labelling in G10; left hemiganglion, horizontal view, depth-color coded. Five nerve roots emerge from 
the ganglion. Based on color (depth) differences, actin richer areas are evident that corroborate microCT results (compare Fig. 3D) and 
synapsin-immunoreactivity (D). Projections associated with nerves N4 and N5 proceed mediad into the ganglion, condensing into distinct 
longitudinal tracts that traverse the hemiganglion in anteroposterior axis. D: Anti-synapsin labeling reveals several longitudinal domains 
that show a distinct immunoreactivity and traverse the entire ganglion in its anteroposterior axis. Both domains are associated with the 
nerves N4 and N5 (white semicircles, compare E), horizontal view. E – G: Virtual horizontal sections of a phalloidin labeled wholemount. 
The ventral neuropilar domain is associated with the joint nerve N4 and N5 (white semicircle) and innervated by two distinct branches (E; 
black semicircles) projecting anteriad as well as posteriad (E, F). G: Further ventrally and close to the peripheral cluster condensed allan-
toid domains are evident (white arrows). — Scale bars: 100 µm. — Abbreviations: con: connective, N: nerve, PHAL: phalloidin labeling, 
so: soma, SYN: synapsin-immunoreactivity, vnd: ventral neuropilar domain.
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(De Geer, 1778), where the posterior-most nerve (nervus 
dorsalis or segmental heart nerve) also innervates the 
dorsal heart nerve above the posterior adjacent ganglion 
(Ernst 1971). Our results on RFir additionally indicate 
an efferent contribution of the posteriorly adjacent seg-
ment, according to neurite trajectories. Consequently, 
N7+N8 are to be interpreted as intersegmental nerves. 
The term intersegmental nerve is often used in devel-
opmental studies, in which a nerve is established early 
on between two adjacent neuromeres, and is thoroughly 
documented for different tetraconate taxa (e.g. Whiting-
ton et al. 1993; Whitington 1995; Harzsch et al. 1997; 
Ungerer & Scholtz 2008). In all species, intersegmen-

tal nerves extend dorsally and innervate the musculature 
(and if applicable the heart). However, developmental 
studies in centipedes did not detect intersegmental nerves 
(Whitington et al. 1991).
	 The ganglia of the VNC are sheathed by a neuri-
lemma (Figs. 3A, 4B – E), which in arthropods serves as 
a barrier between hemolymph and nervous system, and 
consists mainly of collagen fibers and glia cells (Füller 
1964). The small dorso-ventral penetrations in the mid-
line of ganglia are covered by the neurilemma and prob-
ably enclose tracheae. Rilling (1968) mentioned them as 
three to four ‘median fibrils’ (mediane Fibrillen), pierc-
ing the ganglion vertically.

Fig. 6. Allatostatin-like immunoreactivity (ASTir) in walking leg ganglia (wholemounts and sections). A: Maximal projection of a 100 μm 
vibratome section showing anteromedial (AM) and posteromedial (PM1, PM2) cell clusters as well as longitudinal neurites (black semicir-
cles). The asterisks indicate weakly labeled somata in the posterolateral part of the ganglion that were inconsistently found in few prepara-
tions, horizontal view. Box outlines details shown in C. B: Schematic representation of intraspecific individually identifiable ASTir neurons 
with identified neurite projection patterns. Grey dashed lines indicate ordinate as longitudinal midline and abscissa set at the joint root of 
N4+N5. C: Projection of a 100 μm vibratome section showing neurites of PM2 somata projecting contralaterally (white and black arrows), 
horizontal view D: Projection of a horizontal 100 μm vibratome section showing distinct commissural neurites traversing the ganglion 
latitudinal (black and white arrows) and enclosing a dorso-ventral penetration in the dorsalmost region of the posterior ganglion. Associ-
ated somata could not be identified. — Scale bars: 100 µm. — Abbreviations: AM: anteromedial neurons, PM1: posteromedial neurons 
(anterior group), PM2: posteromedial neurons (posterior group with contralateral projecting neurons).
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Fig. 7. FMRFamide-like immunoreactivity (RFir) in walking leg ganglia (wholemounts). A: Maximal projection of a ganglion with RFir 
neuron groups AL, AM1 – 3, PCM, and longitudinal neurites (black semicircles) in both hemiganglia, horizontal view. Dashed semicircles 
indicate the nerve root of N4 and N5. Boxes outline details shown in C,D,G,E. Grey dashed lines indicate ordinate as longitudinal midline 
and abscissa set at the joint root of N4+N5. B: Schematic representation of intraspecific individually identifiable RFir neurons with identi-
fied neurite projection patterns. C: Anterior part of the ganglion with anterolateral and anteromedial clusters 1 – 3. Black arrows indicate 
contralateral projecting neurites of AM2 neurons into the connectives. D: Anteromedial cluster of RFir somata (AM1 – 3). Neurites of 
AM1 neurons project contralaterally (black and white arrows). Neurites of AM2 neurons project contralaterally in anteriad direction and 
further into the anterior connectives. Neurites of AM3 neurons project contralaterally (compare E,F). E: AM3 neurons with contralaterally 
projecting neurites (black and white arrows). F: Contralaterally projecting neurites of AM3 neurons (black and white arrows). G: In the 
posterocentral part of the ganglion, a pair of RFir somata (PCM) is located paramedially with mediad neurite projection. H: Neurites from 
AM2 neurons enter the preceding ganglion and project into nerves N7 and N8 (black arrows, compare B,C). The faintly visible somata in 
A,C, and D are the result of a nonspecific broad band fluorescence of the nuclear counterstain. — Scale bars: A,C,D,H 100 µm, E – G 50 
µm. — Abbreviations: AL: anterolateral neurons (with contralateral projections), AM: anteromedian neurons (with contralateral projec-
tions), con: connective, N: nerve, PCM: posterior centromedial neurons.



Schendel et al.: Ventral nerve cord of Lithobius

388

4.2. 	Anatomy of walking leg ganglia

As all walking legs are of comparable morphology, the 
neuroanatomy of ganglia G1 – G14 likewise is similar. 
However, in Lithobius forficatus the last pair of legs is 
larger in size, and has a distinct morphology and non-
locomotory function (Kenning et al. 2017). These dif-
ferences are mirrored in the anatomy of G15, which will 
not be addressed here but comprehensively discussed 
in a separate contribution (Kenning et al. accepted). All 
ganglia of the VNC possess a peripheral cortex of vari-
able thickness (with most somata located ventrally; Figs. 
4, 5E – G) and a central neuropil that is most structured 
in the ventral area. Neuropilar regions could be consist-
ently visualized by paraffin histology, microCT analy-
sis, and phalloidin and anti-synapsin labeling. The most 
prominent neuropilar domains are associated with two 
branches, originating from the joint leg nerve N4 and N5 
(compare Figs. 3B,D,F, 5C – G). These neuropils expand 
predominantly in the anterior direction. In phalloidin la-
beling, parallel arranged elements are detectable within 
the ventral neuropilar domain, which is corroborated by 
anti-synapsin-labeling. Moreover, in the ventral-most 
ganglion portion, distinct compact neuropilar domains 
are evident (Fig. 5E – G). In general, tetraconate VNC 
ganglia associated with appendages possess structured 
neuropilar domains. In hexapods, thoracic ganglia fea-
ture several dorsal longitudinal tracts of intersegmental 
neurites, a central neuropil of great complexity, and sev-
eral ventral longitudinal tracts, as well as sensory neu-
rites and associated neuropils in the ventral part of the 
ganglion (i.e. ventral association center VAC; Bullock 
& Horridge 1965; Pflüger et al. 1981, 1988). Tetraco-
nate VNC ganglia exhibit a strong structural correspond-
ence, as this stereotypic organization is also found in 
crayfish (e.g. Skinner 1985a,b; Elson 1996). The VAC 
of locusts and crayfish as well as the ventral neuropilar 
domain in L. forficatus receive prominent afferent pro-
jections from leg-associated nerves. However, in locusts 
and crayfish, the neuropil appears either medially fused 
or strongly interconnected by commissural tracts, while 
in L. forficatus two distinct neuropilar regions without 
obvious contralateral connections are present (Figs. 3D, 
5E – G). In order to further investigate efferent and affer-
ent projections as well as interconnectivity of hemigan-
glia, additional experiments (e.g. selective backfilling) 
are desirable.
	 In many mandibulate taxa, at least one anterior and 
one posterior commissure connect both hemiganglia (Lo-
esel et al. 2013). In L. forficatus, hemiganglia are largely 
fused medially, and commissures within the ganglia are 
not evident. Although our experiments revealed commis-
sural neurites, their condensation into prominent, densely 
packed midline spanning tracts appears only weakly pro-
nounced (Fig. 5A, 6, 7, 9). In tetraconate arthropods, the 
anterior and posterior commissures have often been used 
as landmarks in describing specific structures within a 
ganglion, and when comparing somata positions of indi-
vidually identifiable neurons in different taxa (e.g. Har-

zsch & Waloszek 2000). However, Brenneis & Scholtz 
(2015) – in their study of serotonergic neurons in Pyc-
nogonida (Chelicerata) – noted that commissures may 
not always be a reliable criterion for comparing soma po-
sition, as not all representatives of Arthropoda possess a 
(single) anterior and posterior commissure. In Lithobius 
forficatus, ASTir, RFir, and HISir somata are located in 
the anterior and in the posterior parts of a ganglion. At 
least one neuronal pair (one neuron per hemiganglion) 
of each neurotransmitter investigated possesses con-
tralaterally projecting neurites. Moreover, longitudinal 
neurites of respective transmitter systems are present in 
each hemiganglion. The only available data on single 
neurons in the VNC of L. forficatus (except for seroton-
ergic neurons) were provided by Heckmann & Kutsch 
(1995) using NiCl2 backfills, Harzsch et al. (2005) using 
GABA immunohistochemistry, and Agricola & Bräunig 
(1995) demonstrating Perisulfakinin immunoreactiv-
ity. Perisulfakinin immunoreactive somata are located 
in most ganglia in a centrolateral position with neurite 
projections probably into nerve N6. GABAir revealed an 
anterior and a posterior cluster of inhibitory motoneurons 
as well as 2 – 5 neurons with contralateral projections. In 
comparison with tetraconate and chelicerate representa-
tives, Harzsch et al. (2005) concluded that inhibitory 
motoneurons, or groups thereof, in centipedes possess 
intriguingly similar characteristics in terms of soma loca-
tion, anatomical features, and innervation patterns of leg 
muscles (Harzsch et al. 2005; Loesel et al. 2013). NiCl2-
backfills in walking leg ganglia (i.e. N7 of G3; Fig.10 in 
Heckmann & Kutsch 1995) revealed a highly arborizing 
termination domain in the respective hemiganglion. Ad-
ditionally, ascending neurites pass through the posterior 
connectives and project into the posteriorly adjacent gan-
glion. The origin of respective neurites is a group of about 
4 anteromedial somata in the contralateral hemisphere. 
This pattern of motoneurons innervating the ipsisegmen-
tal dorsal longitudinal muscles is rather similar to that 
seen in hexapods and crustaceans (see e.g. Heckmann & 
Kutsch 1995; Whitington & Bacon 1998). Although the 
identity of respective neurons remains unclear, this pro-
jection pattern is highly similar to that of the anterome-
dial RFir neurons in L. forficatus. 
	

4.3. 	Individually identifiable neurons (IINs)

Based on the criteria of IINs by Kutsch & Breidbach 
(1994), specific neurons can be identified intra- and in-
terspecifically, and thus offer the possibility to establish 
homologies at the single cell level. Specific immuno-
reactive neurons in Lithobius forficatus were scored as 
IINs based on the criteria mentioned above (schema-
tized in Figs. 6B, 7B, 8B, and 9). Regarding compari-
sons between different taxa, a wealth of studies described 
serotonergic neurons in various arthropods (Harzsch & 
Waloszek 2000; Harzsch 2004; Brenneis & Scholtz 
2015; Stemme et al. 2017; Sombke & Stemme 2017 and 
references therein), and in giving further support for 
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Mandibulata, demonstrated the potential of IINs as in-
dependent characters in evolutionary considerations. In 
Mandibulata, serotonergic neurons are generally located 
in anterior, posterior, and central positions in VNC gan-
glia as recently discussed by Sombke & Stemme (2017). 
However, beyond the extensive research on arthropod 
serotonergic neurons, information on neurons in the ar-
thropod VNC featuring other neurotransmitters is scarce, 
hampering further comparison and thus homologization. 
	 The biogenic amine histamine is a common neuro-
transmitter in the visual system of arthropods (e.g. Bat-
telle et al. 1991; Nässel 1999; Sombke & Harzsch 
2015), and also present in the VNC. Within Hexapoda, 
a constant pattern is present with a single centro- to pos-
teromedial pair of HISir somata in all ganglia, exclud-
ing the prothoracal ganglion of the VNC (Nässel et al. 
1990; Nässel 1996; Hörner 1999). However, taxon-
specific variations concerning number and size of addi-
tional somata and neurite trajectories occur. In investi-
gated species, most neurites project ipsilateral with few 
contralateral branches in the anterior ganglion. In the 
cricket Gryllus bimaculatus, HISir neurites originating 
from various somata – including a ventromedial cluster – 
contribute to longitudinal HISir neurites (Hörner 1999). 
In Calliphora vomitoria, thinner longitudinal neurites 
traverse the ganglia both anteriorly and posteriorly, while 
thicker neurites project only anteriad. The respective so-
mata are located in a ventromedial position (Nässel et al. 
1990). Only few descriptions on HISir neurons for the 
crustacean and xiphosuran VNC are available (Artemia 

salina: Harzsch & Glötzner 2002; Triops cancriformis: 
Fritsch & Richter 2010; Balanus nubilus: Callaway & 
Stuart 1999; Limulus polyphemus: Harzsch et al. 2005). 
These descriptions mostly consider larval developmental 
aspects, and are thus of questionable comparability with 
the adult nervous system. Even so, late larval stages of 
L. polyphemus and T. cancriformis possess medial HISir 
somata. In contrast to representatives of Mandibulata, 
HISir somata are absent in the VNC of Arachnida. In the 
wandering spider Cupiennius salei and few other spiders, 
only three somata are located anteriorly to the arcuate 
body, with omnisegmental arborizations into all neu-
romeres of the synganglion and opisthosomal ganglion 
(Schmid & Duncker 1993; Schmid & Becherer 1999). 
In Lithobius forficatus, several centromedially situated 
HISir neurons, as well as lateral longitudinal neurites, are 
present. In comparison to representatives of Tetraconata, 
the number and position of somata (absence of anterolat-
eral and presence of posterolateral neurons), and major 
projection patterns differ. However, our data, as well as 
published descriptions of histamine-immunoreactivity, 
indicate that the medial group of HISir neurons may be a 
promising candidate for the mandibulate ground pattern. 
Given that histamine-immunoreactivity can generally 
be compared with available antibodies, a much broader 
taxon sampling is both possible and desirable.
	 In contrast to serotonin and histamine, allatostatins 
and FMRF-amides are members of large peptide families 
(e.g. Orchard et al. 2001; Duve et al. 2002). Both anti-
bodies used may label a variety of respective expressed 

Fig. 8. Histamine-like immunoreactivity (HISir) in walking leg ganglia. A: Maximal projection of a wholemount, horizontal view. Within 
each hemiganglion, several HISir neuron clusters (ACM, PCM, PL) and characteristic thin longitudinal neurites (black semicircles) are 
visible. An anterior centromedial cluster (ACM) of three somata is located close to the midline possessing contralateral projecting neurites 
(black arrowheads). These neurites project into a diffuse HISir domain in the lateral region of the ganglion, close to the base of the nerve 
roots of N1 – 3. Further posterior, a single centromedial soma (PCM) with contralateral neurite projection is located (black and white arrow-
heads). At the posterolateral border of the ganglion, a single neuron (PL) with an anteromediad projecting neurite contributes to the longi-
tudinal neurites (black arrows). B: Schematic representation of intraspecific individually identifiable HISir neurons with identified neurite 
projection patterns. The faintly visible somata in A are the result of a nonspecific broad band fluorescence of the nuclear counterstain. Grey 
dashed lines indicate ordinate as longitudinal midline and abscissa set at the joint root of N4+N5. — Scale bars: 100 µm. — Abbreviations: 
ACM: anterior centromedial neurons (with contralateral projections), PCM: posterior centromedial neurons, PL: posterolateral neurons.
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epitopes (A type allatostatins and FaRPs, respectively, 
see below); the criterion of a specific shared neurotrans-
mitter in those putative IINs is rather problematic in 
terms of establishing interspecific comparability (Swales 
& Evans 1995). Apart from the focus on a neuroanatomi-
cal characterization of VNC ganglia in L. forficatus, the 
antibodies used revealed robust intraspecific patterns. 
This consequently raises the question of whether they 
can also be used in comparative investigations across ar-
thropods. Allatostatins in general have been suggested to 
be conserved during invertebrate evolution, given their 
wide distribution (Cnidaria, Nematoda, Anellida, Mol-
lusca, Arthropoda; Smart et al. 1994). In arthropods, they 
play a variety of physiological roles as regulatory neu-
ropeptides (e.g. Vitzthum et al. 1996). In the cockroach 
Diploptera punctata, seven allatostatins have been iden-
tified, and in the green shore crab Carcinus maenas, at 
least 20 members of the allatostatin familiy were isolated 
from thoracic ganglia (Vitzthum et al. 1996; Duve et al. 
1997). ASTir neurons have been reported in the VNC 
of several species of Tetraconata (e.g. Duve & Thorpe 
1994; Veelaert et al. 1995; Nässel 1996; Maestro et 
al. 1998; Dircksen et al. 1999; Duve et al. 2002). Dip-
allatostatin 1 (APSGAQRLYGFGL-amide, the antibody 
applied in this contribution) has only been used in a few 
arthropod species to visualize neurons in the VNC (Ag-
ricola & Bräunig 1995; Dircksen et al. 1999). In Peri-
planeta americana, a regular pattern of a single postero-
lateral ASTir neuron with anteriad projection is present 
in all abdominal ganglia. In abdominal ganglia 1 – 4, 
two additional medial somata are present (Agricola & 
Bräunig 1995). Within Crustacea, abdominal ganglia of 
Orconectes limosus house an undefined number of ASTir 
somata in anterolateral or lateral position, several somata 
of varying number in the ventral or ventromedial part, 
and several longitudinal ASTir neurites (Dircksen et al. 
1999). In contrast to tetraconate representatives, in VNC 
ganglia of L. forficatus, ASTir somata are located ante-
ro- and posteromedially. The tetrapeptide FMRF-amide 
and FMRF-amide-related peptides (FaRPs) are prevalent 
among various invertebrates and vertebrates (e.g. Hexap-
oda, Nässel 1996; Nematoda, Henne et al. 2017, Peymen 
2014; Cnidaria, Grimmelikhuijzen & Spencer 1984; Mol-
lusca, Moroz et al. 1994). For example, in Periplaneta 
americana, at least 23 peptides share the RFamide motif 
(Predel et al. 2004). RFir neurons have been reported in 
the VNC of crustacean and hexapod species, indicating 
a rather consistent distribution. In Hutchinsoniella mac-
racantha, RFir neurons are present in the anterior part 
of the ganglion; in the crayfish Procambaraus clarkii, 
an anterolateral and a posterolateral cluster are present, 
along with several centromedial somata (Mercier et al. 
1991; Elofsson 1992). In Schistocerca gregaria, RFir 
neurons are present in anterolateral and centromedial 
and – depending on the antibody used – also in poste-
rolateral position (FMRF-amide vs. SchistoFLRF-amide; 
Swales & Evans 1995; Nässel 1996). In VNC ganglia 
of L. forficatus, RFir somata are located anterolaterally, 
anteromedially, and centromedially. As it remains to be 

determined which of the known allatostatins and FMRF-
amide related peptides are expressed and recognized by 
both antibodies used, interspecific homologization in 
terms of the criteria of IINs (i.e. shared neurotransmitter) 
is impossible. The lack of data in further arthropod taxa 
currently hampers a broader comparison. Thus, for com-
parative interspecific analyses across arthropods, there 
is a need of specific antibodies, which recognize single 
peptides (without cross-reactions).

4.4. 	Neuronal characters for phylogenetic 
	 analyses

In terms of morphology-based phylogenetic reconstruc-
tions, using neuronal characters can be advantageous (at 
least on the level of higher ranking categories like orders), 
as the nervous system is not only evolutionarily stable, but 
also mostly independent of external morphological diver-
sity (Strausfeld & Andrew 2011). In Mandibulata, there 
are several examples of specific neuronal character sets 
(e.g. number, interconnectivity, and composition of sub-
compartments of deutocerebral chemosensory lobes and 
visual neuropils, or location and number of serotonergic 
neurons in the VNC) that can be used in support of phylo-
genetic relationships (e.g. Sombke et al. 2012; Strausfeld 

Fig. 9. Individually identifiable neurons of Lithobius forficatus 
walking leg ganglia. In addition to the neuropeptides analyzed  
in this contribution, serotonergic IINs as demonstrated in Sombke 
& Stemme (2017) are displayed. Grey dashed lines indicate ordi-
nate as longitudinal midline and abscissa set at the joint root of 
N4+N5.
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2012; Sandeman et al. 2014; Sombke & Harzsch 2015; 
Schmidt 2016; Stemme et al. 2017; Sombke & Stemme 
2017). Serotonergic neurons in the VNC were analyzed 
in numerous arthropod species and provide a character 
set for evolutionary considerations, as mentioned above. 
However, taxon sampling is often sparse, resulting in a 
lack of suitable data (especially with a focus on myria
pods). Correspondingly, we provide the following list of 
morphological and anatomical characters (compiled from 
Heckmann & Kutsch 1995; Sombke et al. 2011b; Sombke 
& Rosenberg 2016; Stemme & Sombke 2017; this study) 
in the centipede Lithobius forficatus as a basis for com-
parative neuroanatomical research and subsequent clad-
istic analysis. Based on this approach, detailed analyses 
of additional centipede and millipede taxa are desirable 
to reconstruct neuronal ground patterns at specific taxo-
nomic levels (e.g. Lithobiomorpha). Relying on evolu-
tionary stability – and hence phylogenetic utility – of neu-
ronal character sets, anatomical studies of diverse species 
of Scutigeromorpha and Craterostigmomorpha promise 
to contribute to the clarification of the ambiguous posi-
tioning of these taxa (e.g. Heteroterga-hypothesis sensu 
Ax 2000, or the position of Craterostigmomorpha versus 
Lithobiomorpha sensu Fernández et al. 2016).

Brain
·	 tripartite syncerebrum (protocerebrum, deutocerebrum, 

and tritocerebrum)
Protocerebrum
·	 protocerebral glands with paired nerve
·	 two visual neuropils (lamina and medulla)
·	 translaminar retinula cell axons
·	 kenyon cells, mushroom body pedunculus with contra

laterally confluent connection
Deutocerebrum
·	 deutocerebral chemosensory lobe with typically 43 

elongated olfactory glomeruli
·	 two olfactory glomeruli feature a contralateral connec-

tion
·	 corpus lamellosum (deutocerebral mechanosensory 

neuropil) composed of at least 4 neuropilar lamellae, 
with contralateral connection

Tritocerebrum
·	 frontal ganglion fused with tritocerebrum, with poste-

riad projecting nervus recurrens featuring a small hy-
pocerebral ganglion

Ganglia of the ventral nerve cord
·	 rope-ladder-like VNC with 18 ganglia interconnected 

by paired connectives
·	 fused subesophageal ganglion formed by neuromeres 

of the mandibular, maxilla1, and maxilla2 segments 
·	 segments of forcipule and 15 walking legs each with 

separate ganglia
·	 fused terminal ganglion
·	 all ganglia medially fused
·	 distinct commissures absent (but commissural neurites 

present)
·	 ganglia with continuous cortex (no distinct soma clus-

ters), cortex thicker in the ventral part of the ganglia

·	 each walking leg hemiganglion associated with 8 ner
ves originating from 5 distinct nerve roots

·	 N7 and N8 are intersegmental nerves 
·	 nerve N7 innervates the dorsal longitudinal muscles 

and the dorsal heart nerve (dorsally of posterior adja-
cent ganglion) 

·	 nerve N8 innervates intersegmental muscle M10
·	 median nerve absent
·	 neuropilar condensations in the ventral ganglion (ven-

tral neuropilar domain) with prominent anteriad and 
thinner posteriad projections

Individually identifiable neurons in walking leg hemi-
ganglia
·	 2 ASTir neurons in anteromedial position, unknown 

projections
·	 3 ASTir neurons in posteromedial position, ispilateral 

projections
·	 3 ASTir neurons in posteromedial position, contralat-

eral projections
·	 3 RFir neurons in anterolateral position, contralateral 

projections
·	 4 RFir neurons in anteromedial position, contralateral 

projections (neurites of the two most medial neurons 
project into nerves N7 and N8 of the preceding anterior 
ganglion)

·	 2 RFir neurons in posterior centromedial position, ipsi-
lateral projections

·	 3 HISir neurons in anterior centromedial position, con-
tralateral projections

·	 1 HISir neuron in posterior centromedial position, con-
tralateral projection

·	 1 HISir neuron in posterolateral position, ipsilateral 
projection

·	 1 5HTir neuron in anteromedial position, ipsilateral 
projection

·	 2 5HTir neurons in centrolateral position, ipsilateral 
projections

·	 2 5HTir neurons in paramedial posterior position, con-
tralateral projections

·	 1 5HTir neuron in centromedial position, ipsilateral 
projection

·	 up to 13 motoneurons innervate the dorsolateral mus-
culature (9 posteroventral and 4 anterodorsal somata, 
occasionally 2 additional centromedial somata)

·	 posteroventral motoneurons form dense dendritic 
fields 

·	 anterodorsal motoneurons project into the preceding 
anterior ganglion

·	 the intersegmental muscle is innervated by six moto-
neurons located in the ventral ganglion 
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